INTRODUCTION {#h0.0}
============

Plant roots supply a significant amount of carbon (C) to adjacent rhizosphere soil, resulting in growth and interactions among populations present in the resident soil microbial community ([@B1], [@B2]). Root activities modify the physiochemical properties of the surrounding soil (e.g., water and oxygen availability and pH), which also shape microbial communities ([@B3], [@B4]). Through their interactions with plant roots, rhizosphere microbial communities influence terrestrial C and nutrient cycling, as well as plant growth and health ([@B5][@B6][@B7]). The ecological processes that control the assembly of the rhizosphere microbiome and drive the succession of the rhizosphere community are of fundamental importance to terrestrial ecosystem functioning.

Previous studies using microbial fingerprinting techniques (e.g., denaturing gradient gel electrophoresis \[DGGE\] and terminal restriction fragment length polymorphism \[TRFLP\]) have shown that plant species and soil types have measurable effects on rhizosphere microbial communities ([@B8], [@B9]). However, the responses of microbial populations to plant growth are less well known ([@B10]). High-throughput sequencing (e.g., Illumina and 454 pyrosequencing) of 16S rRNA gene amplicons enables exploration of the phylogenetic/taxonomic composition and structure of microbial communities at a much higher resolution than previous techniques ([@B11], [@B12]) and has increased our capacity to describe the diversity and evolutionary basis of succession in root-associated soil microbial communities ([@B10], [@B13]). For example, two studies that characterized rhizosphere communities and endophytes associated with the model plant *Arabidopsis thaliana* (1,000 to 4,000 operational taxonomic units \[OTUs\]) using 454 pyrosequencing showed that *A. thaliana* roots were preferentially colonized by *Proteobacteria*, *Bacteroidetes*, and *Actinobacteria* ([@B14], [@B15]). More recently, Chaparro et al. ([@B16]) reported that rhizosphere bacterial communities associated with *A. thaliana* at the seedling stage were significantly different from other developmental stages (vegetative, bolting, and flowering) based on over 30,000 454 sequencing reads; some phyla (e.g., *Acidobacteria*, *Actinobacteria*, and *Bacteroidetes*) followed distinct patterns as the plant grew. However, it remains unclear how microbial communities change after plant senescence and when a new growing season begins.

In this study, we followed the responses and succession of the bacterial community in the rhizosphere of a common annual grass, *Avena fatua*, growing in a California annual grassland soil. *A. fatua* is a common, naturalized exotic inhabitant of California Mediterranean grasslands and a globally important agricultural weed. The composition of the rhizosphere bacterial community was followed for two growing seasons separated by a dry season, as occurs annually in the California Mediterranean-type climate. Soil microbial communities were analyzed from preplanting through four plant growth stages (i.e., seedling, vegetative, flowering, and senescent) in both seasons ([Fig. 1](#fig1){ref-type="fig"}) using Illumina MiSeq sequencing of 16S rRNA gene amplicons and quantitative PCR (qPCR). Plants were grown in a greenhouse for 12 weeks per growth cycle, using grassland soil from the University of California Hopland field station in which *Avena* spp. have been resident for over a century. This investigation was designed to answer two questions: (i) how does the composition of the soil bacterial community associated with growing roots of an annual grass, *Avena fatua*, change with growth of the plant, and is this pattern repeatable across seasons? and (ii) do bacteria indigenous to a soil in which *A. fatua* has grown for many years exhibit adaptation to the soil environment created by roots, as evidenced by phylogenetic clustering?

![Experimental design and definition of soils sampled for analysis.](mbo0041524240001){#fig1}

RESULTS {#h1}
=======

Succession of rhizosphere bacterial communities. {#s1.1}
------------------------------------------------

Across the 288 samples analyzed, a total of 153,504 OTUs were obtained after randomly resampling Illumina 16S sequence reads to the same depth (11,914 sequences per sample). However, this sequencing depth was not sufficient to document the vast diversity of the bacterial community in this natural soil ecosystem (see [Fig. S1](#figS1){ref-type="supplementary-material"} in the supplemental material). To assess the dynamics of bacterial community structure over time, a principal coordinate analysis (PCoA) based on the Bray distance metric was conducted ([Fig. 2](#fig2){ref-type="fig"}). The composition of rhizosphere bacterial communities differed significantly (*P* \< 0.01, Adonis) from bulk/residual soil communities in both seasons ([Fig. 2](#fig2){ref-type="fig"}). Rhizosphere bacterial communities exhibited successional patterns in which the rhizosphere community gradually diverged from bulk/residual soil communities as the plants grew (*P* \< 0.01, Adonis). In addition, samples collected from the two seasons showed a clear and significant (*P* \< 0.01, Adonis) separation. Interestingly, within each season, bulk soil samples clustered much more closely together than the rhizosphere samples ([Fig. 2](#fig2){ref-type="fig"}). In general, the dispersion among replicates of bulk bacterial communities did not change over time (0.362 to 0.369). However, in season 1, the dispersion in replicated rhizosphere bacterial communities generally increased over time with plant growth (from 0.375 to 0.417 \[[Fig. 2](#fig2){ref-type="fig"}\]). The source of this increased dispersion in the season 1 rhizosphere community composition was further explored by comparing the variation in plant shoot biomass (at each sampling time in season 1) and the dispersion of the associated rhizosphere community. The dispersion in the rhizosphere bacterial communities correlated strongly (Pearson's *r*^2^ = 0.99, *P* \< 0.01) with the variation in plant shoot biomass (see [Fig. S2](#figS2){ref-type="supplementary-material"}). Although the dispersion in rhizosphere communities in season 2 was larger than that in the residual soil communities (0.300 and 0.280, respectively; *P* \< 0.05) ([Fig. 2](#fig2){ref-type="fig"}), it was similar across plant growth stages (0.294 to 0.302) and did not show significant correlations with the variation of plant biomass.

![PCoA analysis of bulk/residual soil and rhizosphere microbial community associated with *Avena fatua* grown in microcosms for 12 weeks in two seasons, based on the Bray distance metric. The percent value for each axis represents the proportion of total variation explained. Circles and triangles represent samples from seasons 1 and 2, respectively. Solid symbols indicate rhizosphere soils, and open symbols indicate the bulk/residual soils. Samples collected at weeks 0, 3, 6, 9, and 12 are shown in black, green, yellow, blue, and red, respectively. Large crosses indicate the centroid of rhizosphere treatment at different plant growth stages in corresponding colors.](mbo0041524240002){#fig2}

Effects of plant growth on the bacterial community alpha-diversity. {#s1.2}
-------------------------------------------------------------------

Calculation of traditional (richness, Shannon's diversity, and Pielou's evenness) and phylogenetic (Faith's phylogenetic diversity \[PD\]) diversity indices yielded similar conclusions. Indices of bacterial alpha-diversity in the rhizosphere communities were significantly lower than those of the bulk or residual soils; all diversity indices in rhizosphere soil gradually decreased over time as the plant grew, in both seasons ([Fig. 3](#fig3){ref-type="fig"}; see also [Table S1](#tabS1){ref-type="supplementary-material"} in the supplemental material). In contrast, the diversity of bulk/residual soil bacterial communities remained relatively stable, although a reduction in richness and Faith's PD was detected from week 0 to week 3 in season 2. In season 2, each community diversity index was lower than the comparable value from season 1 ([Fig. 3](#fig3){ref-type="fig"}).

![The diversity of bulk/residual soil and rhizosphere microbial community associated with *Avena fatua* as indicated by OTU richness, phylogenetic diversity, Shannon index, and Pielou's evenness in rhizosphere and bulk soils across plant growth stages in both seasons. Data are presented as means ± standard errors (*n* = 16).](mbo0041524240003){#fig3}

Bacterial responses to plant growth. {#s1.3}
------------------------------------

In both seasons, bacterial 16S rRNA gene abundance (measured by qPCR) in rhizosphere soil gradually increased over time beginning at week 3 (*P* \< 0.05 \[[Fig. 4](#fig4){ref-type="fig"}\]). 16S rRNA gene abundance was significantly higher in rhizosphere soils than in bulk/residual soil beginning at week 6 for season 1 and week 3 for season 2. In the bulk/residual soil, seasonal patterns were also quite consistent; bacterial 16S rRNA gene abundance decreased from week 0 to weeks 3 and 6 (*P* \< 0.05), followed by a slight increase ([Fig. 4](#fig4){ref-type="fig"}).

![Abundance of bacterial 16S rRNA genes in bulk and rhizosphere soils associated with *A. fatua* at different growth stages in season 1 (a) and season 2 (b). Data are presented as means ± standard errors (*n* = 16). ANOVA *P* values are shown in the figure.](mbo0041524240004){#fig4}

The relative abundances of several abundant bacterial phyla (classes for the *Proteobacteria* phylum) differed significantly between rhizosphere and bulk/residual soil communities. *Proteobacteria* (particularly *Alphaproteobacteria*, *Betaproteobacteria*, and *Gammaproteobacteria*) and *Bacteroidetes* became significantly enriched in the rhizosphere compared to the preplanted (week 0) soils ([Fig. 5a](#fig5){ref-type="fig"} and [c](#fig5){ref-type="fig"}). In contrast, the relative abundances of *Actinobacteria*, *Acidobacteria*, *Firmicutes*, *Planctomycetes*, *Gemmatimonadetes*, and *Chloroflexi* were significantly reduced in the rhizosphere compared to preplanted soil, and in general, their relative abundances decreased gradually over time ([Fig. 5a](#fig5){ref-type="fig"} and [c](#fig5){ref-type="fig"}). Generally, the patterns of bacterial responses to plant growth are consistent between two seasons. Compared to the rhizosphere communities, the relative abundances of commonly occurring bacterial groups in the bulk/residual soils remained relatively stable across sampling time points in both seasons, and in some cases, the direction of changes in relative phylum abundance was opposite that observed in the rhizosphere communities ([Fig. 5b](#fig5){ref-type="fig"} and [d](#fig5){ref-type="fig"}).

![Relative abundance of abundant soil microbial groups at the phylum level in preplanted and rhizosphere (a and c) and preplanted and bulk/residual (b and d) soils at different *A. fatua* growth stages as detected by Illumina sequencing of 16S rRNA gene amplicons. Data are presented as means ± standard errors (*n* = 16). \*, *P* \< 0.05, \*\*, *P* \< 0.01, \*\*\*, *P* \< 0.001.](mbo0041524240005){#fig5}

We determined the "dynamic" rhizosphere bacterial taxa, that is, the taxa commonly present in rhizosphere soils (\>50% frequency) that significantly changed in relative abundance compared to week 0 soils in a given season. The number of these dynamic rhizosphere OTUs increased over time, with 258, 539, 677, and 1,028 OTUs at weeks 3, 6, 9, and 12 in season 1, respectively (see [Fig. S3](#figS3){ref-type="supplementary-material"} in the supplemental material). In many cases, OTUs from the same taxonomic groups, mostly at the phylum or class level, demonstrated a similar response to the plant growth (either positive or negative). Similar patterns were found for the dynamic rhizosphere OTUs in season 2 (see [Fig. S3](#figS3){ref-type="supplementary-material"}). Six hundred taxa (\~30% of total dynamic taxa) were found in common in the two seasons.

Net relatedness index (NRI) values were calculated to further explore the phylogenetic clustering of rhizosphere-enriched taxa to determine whether those OTUs are more related to each other than would be predicted by a random model. NRI values provide an index of basal clustering of taxa on the phylogenetic tree ([@B17]). Taxa that responded positively (i.e., rhizosphere enriched) to *A. fatua* roots were significantly clustered within the phylogenetic tree at each growth stage (season 1, week 12, NRI of 7.42, *P* = 0.01; season 2, week 12, NRI of 6.97, *P* = 0.01), suggesting that the traits related to rhizosphere competence are phylogenetically conserved.

DISCUSSION {#h2}
==========

The effects of plant roots on soil bacterial communities are well documented ([@B8], [@B18], [@B19]). Our study demonstrated that the "rhizosphere effect" was present as early as 3 weeks after grass germination and that the effect increased throughout the plant growth cycle. This suggests that plant growth drove succession in the rhizosphere community, while the bulk/residual soil communities remained relatively stable. Li et al. ([@B20]) reported that maize rhizosphere communities changed between early and late growth stages; however, in their research it was difficult to distinguish between plant growth and seasonal effects. Chaparro et al. ([@B16]) showed that rhizosphere bacterial communities at the seedling stage of *Arabidopsis thaliana* were distinct from vegetative, bolting, and flowering stages; the communities associated with the latter three stages were not significantly different. It is commonly hypothesized that plant-driven changes in the rhizosphere microbial community composition could result from alterations of plant root exudates (quality and quantity) at different growth stages ([@B21], [@B22]). Using a sterile hydroponics system, we have documented a gradual shift in the exudate profile of *A. fatua* over time (S. Shi, R. Estera, S. Jenkins, T. Northen, M. Firestone, unpublished data). Interestingly, our study here clearly demonstrates that the rhizosphere succession pattern was reproducible from season to season. The significant difference observed between samples collected from two seasons may be due to the presence of root debris in residual soil in season 2.

We found that the presence of living *Avena* roots increased the dispersion of the bacterial community significantly in both seasons. This was likely due to variability in the effects of live roots on the soil community. The microbial community variance at the end of season 1 disappeared in the absence of live roots during the dry season between season 1 and season 2.

Interestingly, the presence of *Avena* roots decreased bacterial diversity in the rhizosphere. Soil is thought to be among the most diverse microbial habitats on Earth ([@B23], [@B24]). This high diversity is commonly attributed to microsite niche heterogeneity ([@B25], [@B26]). If the presence of roots reduces extant niche heterogeneity (albeit temporarily), then the microbial community richness (and diversity) could be reduced in the rhizosphere soil. As roots move through a heterogeneous array of soil microsites, the impacts of the root on C availability, pH, water, and soil atmosphere could overwhelm and homogenize differences among soil microsites, at least until other environmental drivers, such as summer dry-down, reset the system. By 12 weeks, taxon richness in our *A. fatua* rhizosphere soil was significantly reduced and showed continued reduction in the second season ([Fig. 3](#fig3){ref-type="fig"}). Alternatively, a reduction in community diversity could result from altered species abundance distributions over time. If the presence of roots substantially reduces the evenness of taxon distribution (enrichment of select members or loss of detectable low-abundance taxa), then a decrease in taxon-based univariate diversity indices would likely result. In our study, the presence of *Avena* roots did significantly reduce Pielou's evenness in the rhizosphere samples from week 12 in the first season and later in the second season ([Fig. 3](#fig3){ref-type="fig"}). Interestingly, the reductions in bacterial richness and Faith's PD indices that were observed at the end of season 1 persisted over the dry, nongrowing season and were apparent at the beginning of the second season. Thus, the observed reduction in bacterial community diversity in the rhizosphere soil likely resulted from a combination of reduced taxon richness and evenness. Reductions in bacterial community diversity in rhizosphere soils have been observed in other plant systems ([@B13], [@B20], [@B27][@B28][@B29]). We do not yet know whether reductions in taxonomic and phylogenetic diversity are accompanied by reductions in functional diversity. Reducing functional diversity could impact microbial community redundancy and/or biogeochemical processes.

The response of taxa to *Avena* roots was generally consistent at the phylum/class level and between the two seasons ([Fig. 5](#fig5){ref-type="fig"}; see also [Fig. S3](#figS3){ref-type="supplementary-material"} in the supplemental material). For example, *Proteobacteria* and *Bacteroidetes* commonly respond positively to plant roots ([@B2], [@B13][@B14][@B15], [@B18], [@B30]). Members of the *Proteobacteria*, especially *Alphaproteobacteria*, *Betaproteobacteria*, and *Gammaproteobacteria*, are well-known rhizosphere colonizers and have generally been characterized as fast-growing r-strategists, which respond positively to low-molecular-weight substrates ([@B31], [@B32]), which are abundant in plant root exudates ([@B1], [@B35]). Studies using ^13^CO~2~ pulse-labeling of host plants have demonstrated that *Proteobacteria* were the major microbial group utilizing root exudates ([@B33], [@B34]). Apart from stimulating these soil microbial groups by releasing a variety of exudate compounds ([@B1], [@B5], [@B35], [@B36]), plant root activities can also modify the physicochemical environment (e.g., water content, pH, and nutrient availability) of surrounding soil ([@B3]), thus acting as a habitat filter to select for or against microbial populations.

In general, our results show that populations affiliated with the phyla of *Acidobacteria*, *Actinobacteria*, and *Firmicutes* decreased in relative abundance in the rhizosphere as the plant grew. The depletion of these populations in the rhizosphere could be due to a decrease in their absolute abundance (actual depletion) or a decrease in relative abundances as the result of increased abundances of other microbes (apparent depletion). Indeed, we did detect a significant increase of overall bacterial 16S copy number in the rhizosphere. Although it is difficult to distinguish between these two situations, rank order shifts of different microbial groups within a community can reflect survival/functional ability within available niches ([@B32]). The decrease of these populations could be due to a negative impact of the changing environment in soil near plant roots (e.g., pH) or due to competition from fast-growing microbes (e.g., *Alphaproteobacteria* and *Betaproteobacteria*) for resources or microbe-microbe inhibition. For example, the "depletion" of *Acidobacteria* in our study may be due to their typically low growth rates and classical k-strategist lifestyle ([@B31], [@B37], [@B38]).

Significantly, rhizosphere-stimulated taxa were phylogenetically clustered across all four growth stages in both seasons, suggesting that these bacterial taxa share ecological traits (i.e., rhizosphere competence) that are phylogenetically conserved ([@B17]). Our greenhouse-based study corroborates a study of bacterial populations associated with *Avena* spp. growing in three California annual grasslands; Nuccio reports strong phylogenetic clustering of the core *Avena* rhizosphere microbiome ([@B39]). Apart from C utilization traits, other traits associated with habitat (e.g., growth strategy, optimum pH, and soil moisture) may play important roles in rhizosphere colonization. Past studies have shown that microbes with habitat preference traits are ecologically coherent at high taxonomic ranks and thus potentially phylogenetically clustered ([@B31], [@B40][@B41][@B43]). As the rhizosphere presents a complex and dynamic environment, rhizosphere competence likely requires a coordination of multiple phenotypic traits. Thus, our observation of phylogenetic clustering of rhizosphere competence suggests that the complex suite of traits necessary to proliferate in the root environment may have deep evolutionary origins.

Our results provide a detailed picture of the temporal succession of the soil bacterial community in response to growing roots of the common annual grass *Avena fatua*. The pattern of succession is repeatable and highly consistent over two growing seasons. We show that this annual grass exerts selection pressure from early stages of growth and throughout its life span, resulting in a rhizosphere community substantially changed from that of the background soil. Previous field-based research suggested that components of the *Avena* microbiome provide nutrient-based benefits to the plant ([@B44], [@B45]). Thus, this strong and consistent successional pattern of the *Avena* rhizosphere may represent a fitness trait of the plant as it consistently recruits soil microbes with similar functions to its root environment. Such an annual cycle of selection would be expected to repeat each year with variation in selection associated with different grasses and forbs growing in the field. The indigenous soil community encountered by a growing root in this annual grassland soil would thus result from integration of repeated and varied annual plant selection nested in soil and climatic controllers of the extant soil community.

MATERIALS AND METHODS {#h3}
=====================

Experimental design. {#s3.1}
--------------------

This study was conducted at the Environmental Plant Isotope Chamber (EPIC) facility at the University of California, Berkeley, in a replicated series of plant growth chambers housed within the university's Oxford Tract Greenhouse complex. Soil (0 to 10 cm) was collected from the Little Buck watershed at the University of California Hopland Research and Extension Center, in an area in which *Avena* spp. are the dominant vegetation. The soil is classified as coarse-loamy, mesic Ultic Haploxeroll (USDA-NRCS web soil survey; <http://websoilsurvey.nrcs.usda.gov>) and contains 55% sand, 31% silt, and 14% clay. Mean C and N contents at the beginning of the experiment were 1.68% and 0.138%, respectively. After sieving (\<2 mm), soil was packed into microcosms (11.5 by 2.9 by 25.5 linear cm) to a bulk density of 1.21 g ⋅ linear cm to match that in the field. In total, 160 microcosms were used in this study. To ensure that bulk soils with minimal influence by plant roots could be collected during the first season, each microcosm contained a root-excluding mesh bag (1 µm; 2 by 2.9 by 25.5 linear cm) at the edge of the growth box ([Fig. 1](#fig1){ref-type="fig"}). Microcosms were incubated in 16 growth chambers (56 by 56 by 76 linear cm) with a 16-h light period per day (from 6 a.m. to 10 p.m.) and a maximum air temperature of 28°C. Microcosms were watered with tap water three times a week to maintain soil moisture at approximately 15%. The experimental design included two concentrations of atmospheric CO~2~ (400 ppm and 700 ppm). However, atmospheric CO~2~ concentration did not have a detectable impact on the 16S rRNA gene-based taxonomic composition of rhizosphere or bulk soil bacterial communities (see [Table S2](#tabS2){ref-type="supplementary-material"} in the supplemental material); hence, we combined the results from the two CO~2~ levels, resulting in 16 replicates for each soil type (rhizosphere or bulk/residual soils) at each sampling time. Monitoring and maintenance of chambers are described in detail in [Text S1](#textS1){ref-type="supplementary-material"} in the supplemental material. After 2 weeks of moist soil acclimation, one microcosm from each chamber was sampled as a preplanted control (season 1, week 0). On the same day, the remaining microcosms were planted with 3-day-old *A. fatua* seedlings (one seedling per microcosm; seeds were obtained from Pacific Coast Seed Inc., CA, and germinated in wet paper towels). During the first growing season, one microcosm from each of 16 chambers was harvested for rhizosphere and paired bulk soil sample collection at the seedling stage (week 3), vegetative stage (week 6), flowering stage (week 9), and senescence stage (week 12) ([Fig. 1](#fig1){ref-type="fig"}). After 12 weeks, the plant shoots from the remaining 80 microcosms were clipped off and these microcosms were kept in the greenhouse without any watering for 3 months, to simulate a dry Mediterranean-type summer period. The second growth season was initiated by watering the soils as in the first season. One week later, one microcosm from each chamber was sampled as preplanted control (season 2, week 0). On the same day, *A. fatua* seedlings were planted in the remaining microcosms in the chambers (1 seedling per microcosm) and the second growing season was begun. The same growth conditions and sampling strategies were used for the second season as for the first season ([Fig. 1](#fig1){ref-type="fig"}).

Plant and soil sampling. {#s3.2}
------------------------

At each harvest, rhizosphere soil was collected by gently shaking the whole plant root system to remove loosely attached soil, and then the soil adhering to the root system was placed in a stomacher bag (Seward Ltd., West Sussex, United Kingdom) filled with 20 ml of phosphate-buffered saline and processed for molecular microbial community analysis as previously described ([@B36]). Approximately 5 g of bulk soils collected from the middle section of bulk soil bags (or from preplanted microcosms) was prepared in the same way as rhizosphere soils. After collection, all soils were stored at −80°C until analysis. For season 2 samples, no "pure" bulk soil existed. Instead, live roots with attached rhizosphere soils were removed from the microcosms and all remaining soil was collected and is referred to as "residual soil." In total, 288 samples were obtained: 2 seasons × \[16 replicates of preplanted soil at week 0 + (4 plant growth stages × 16 replicates × 2 soils)\].

DNA extraction. {#s3.3}
---------------

Soil microbial DNA was extracted from 0.5 g of rhizosphere or bulk/residual soil samples in a cetyltrimethylammonium bromide (CTAB) buffer using a phenol-chloroform purification protocol ([@B18]). DNA concentrations were quantified by PicoGreen using a FLUOstar Optima microplate reader (BMG Labtech, Jena, Germany).

qPCR and Illumina sequencing of 16S rRNA gene amplicons. {#s3.4}
--------------------------------------------------------

The abundance of 16S rRNA was measured by quantitative PCR (qPCR) with primer set EUB338/EUB518 ([@B46]). The V4 regions of 16S rRNA genes in all DNA samples were amplified with primer set F515 and R806 with attached Illumina flow cell adapter sequences and sequenced on an Illumina MiSeq 2.0 platform at the Institute for Environmental Genomics, University of Oklahoma. Sample libraries were prepared according to the MiSeq reagent kit preparation guide (Illumina, San Diego, CA), and the sequencing protocol was modified from the work of Caporaso et al. ([@B11]). Additional details are available in the supplemental material.

Sequence and statistical analyses. {#s3.5}
----------------------------------

Raw sequence data were processed using an in-house pipeline at the University of Oklahoma built on the Galaxy platform. The raw data were first quality evaluated with FastQC (<http://www.bioinformatics.babraham.ac.uk/projects/fastqc/>), and sequences were assigned to samples using barcode/index reads. Sequences with quality scores of \<20 were removed using Btrim ([@B47]), and paired-end reads were merged into full-length amplicon sequences with FLASH ([@B48]). Unqualified sequences were removed if they were \<251 bp or \>256 bp or contained ambiguous residues. Chimeric sequences were discarded based on prediction by UCHIME ([@B49]) using the reference database mode. Sequences were clustered into OTUs using UCLUST ([@B50]) at a threshold of 97% similarity. Singletons were also discarded. Taxonomies of 16S OTUs were annotated according to the RDP 16S rRNA classifier ([@B51]). To reduce the influence of sequencing depth on treatment effects, samples were then randomly resampled to the same sequence depth (11,914 sequences per sample).

A phylogenetic tree used to calculate phylogenetic diversity (Faith's PD) was created using the generalized time-reversible model in FastTree with a gamma branch-length correction ([@B52]) with all detected 153,504 OTUs. Faith's PD was calculated using the Picante package in R ([@B53]) for each treatment. To determine the phylogenetic relatedness of dynamic microbial populations responding to plant roots, we conducted NRI analysis on rhizosphere-enriched taxa ([@B17], [@B54]). The entire 153,504-OTU member tree was too large for the available NRI calculation package, so the tree used to calculate NRI was composed of the 13,000 most abundant taxa in the data set (relative abundance, ≥2 × 10^−6^) and constructed with the same method as described above. NRI analysis was performed with the Picante and Ape packages in R ([@B53], [@B55]).

All statistical analyses were conducted in the R environment (version 2.15.0; R Development Core Team, 2011), and significant differences were defined at *P* values of \<0.05. The overall structure of microbial communities was ordinated by principal coordinate analysis (PCoA) based on the Bray distance metric. Adonis in the vegan package ([@B56]) based on Bray distance was used to evaluate significance compared to the null hypothesis. Dispersion of replicate microbial communities (average distance to centroid) was calculated using the permdisp2 procedure ([@B57], [@B58]). PCoA, Adonis, permdisp2, and diversity indices (richness, Shannon, and Pielou's evenness) were performed using the "vegan" package in R ([@B59]). Bacterial community diversity indices and abundance of bacterial 16S rRNA in each growing season were analyzed using a two-factor analysis of variance (ANOVA) model (time and rhizosphere versus bulk/residual soils), while phylum/class abundances were analyzed with a one-factor test (time). All of the abundance data (qPCR and Illumina sequencing) were log~2~ (1 + *x*) transformed to meet assumptions of normality. To determine if bacterial populations were impacted by the plant and its growth, dynamic *A. fatua* rhizosphere microbiomes were constructed based on two criteria: (i) OTUs commonly present in rhizosphere samples (≥50% frequency) and (ii) OTUs whose abundance changed significantly compared to the preplanted soils in each season (paired Student's *t* test with Benjamini-Hochberg-corrected *P* value of \<0.05).
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